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1. Introduction

As the boundary between two regions, 
biological membranes are the active loca-
tion where many biological processes 
occur, including molecular reactions and 
signal exchanges. Lipids are the main 
building blocks of membranes and their 
self-assembly through noncovalent inter-
action confers adjustable and adaptable 
properties to the membrane. One key fea-
ture of biological membranes is that they 
are asymmetric, i.e., the two lipid leaflets 
contain different types and distributions 
of lipids. This asymmetry allows processes 
to take place specifically on either side of 
the membrane. Also, the surrounding 
aqueous environment of each membrane, 
e.g., the local composition of the cytosol, is 
very dynamic and often changes rapidly to 
drive each biological process.

It has long been recognized that in vitro 
model membranes help to characterize 
and understand these various exchanges 

and reactions at the membrane level. To be as close as possible 
to physiology, model membranes have to be fluid, and asym-
metric with relevant compositions of lipids and proteins for 
each leaflet. In addition, reproducing reactions that occur at the 
membrane level necessitates that the surrounding medium on 
either side of the membrane be quickly adjustable. Finally, for 
their complete monitoring, model membranes must be com-
patible with both conventional electrical and optical observation 
which requires that they are large enough, typically ≈100 µm2 
or more, horizontal, and stable over more than 1 h. All these 
criteria have to be simultaneously met in a single setup to in 
vitro recreate a physiological membrane and to properly inter-
pret membrane processes.

Currently used model membranes are either supported[1–3] 
or free-standing[4–12] lipid bilayers. Supported bilayers are usu-
ally formed by spreading vesicles on mica, glass, or Si/SiO2. 
They offer a relatively stable platform and can be asymmetric. 
However, they present membrane imperfections, defective 
mobility of lipids, and transmembrane proteins due to inter-
actions with the underlying substrate, and there is no direct 
access to the space between the membrane and the substrate. 
Because of these limitations, free-standing membranes have 

Experimental setups to produce and to monitor model membranes have 
been successfully used for decades and brought invaluable insights into 
many areas of biology. However, they all have limitations that prevent the 
full in vitro mimicking and monitoring of most biological processes. Here, a 
suspended physiological bilayer-forming chip is designed from 3D-printing 
techniques. This chip can be simultaneously integrated to a confocal micro-
scope and a path-clamp amplifier. It is composed of poly(dimethylsiloxane) 
and consists of a ≈100 µm hole, where the horizontal planar bilayer is formed, 
connecting two open crossed-channels, which allows for altering of each  
lipid monolayer separately. The bilayer, formed by the zipping of two lipid leaf-
lets, is free-standing, horizontal, stable, fluid, solvent-free, and flat with the 
14 types of physiologically relevant lipids, and the bilayer formation process is 
highly reproducible. Because of the two channels, asymmetric bilayers can be 
formed by making the two lipid leaflets of different composition. Furthermore, 
proteins, such as transmembrane, peripheral, and pore-forming proteins, can 
be added to the bilayer in controlled orientation and keep their native mobility 
and activity. These features allow in vitro recapitulation of membrane process 
close to physiological conditions.

Horizontal Free-Standing Bilayers

Small 2019, 1900725



1900725 (2 of 13)

www.advancedsciencenews.com

© 2019 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim

www.small-journal.com

been gaining popularity as they satisfy some of the funda-
mental criteria: they are fluid and both sides are in contact with 
the aqueous medium. Historically, vesicles[4,5,13] and black lipid 
membranes[6] were among the first suspended membranes to 
be successfully used. Over the years, many setups have been 
developed that provide multiple ways to form suspended mem-
branes, e.g., on a hole between two separate compartments,[7,14] 
at the tip of pipettes,[8,9,15] between two emulsion droplets,[10] 
on holey substrates,[11,16] on nanodisks,[12,17,18] and in micro-
fabricated systems.[19–23] Some of the other criteria are diffi-
cult to achieve with these suspended systems. One common 
difficulty is to recreate asymmetric bilayer. Their preparation 
often leads to the inclusion of an organic solvent layer that 
affects the biophysical properties of the membrane and they 
are extremely limited in terms of lipid composition.[13,24–26] 
Also, the stability of the bilayers is often an issue which is 
resolved in the vast majority of planar bilayer setups by using 
a non-physiological lipid, DPhPC (1,2-diphytanoyl-sn-glycero-
3-phosphocholine).[19,20,27] DPhPC is relatively adapted to 
study some biological processes like protein channel opening 
and closing.[28] On the other hand, it has critical limitations 
that hinder its broader application to mimic physiological 
membranes, e.g., altered protein mobility, absence of lipids or 
protein domains, lack of local interaction between lipid and 
proteins.[29,30] Nevertheless, any criteria regarding the compo-
sition, the fluidity, the accessibility, the stability, and the mon-
itoring can be met by one of the existing setups. However, a 
current limitation to the actual replication of physiological pro-
cesses is that no technique can simultaneously validate all these 

criteria (see Supporting Note and Table S1, 
Supporting Information, for their detailed 
description and comparison). Hence, a crit-
ical challenge is to obtain a system that vali-
dates all the criteria.

Here, we address this question by intro-
ducing a straightforward setup to form and 
monitor a horizontal free-standing lipid 
bilayer fulfilling all the requirements to 
mimic physiological membranes, notably 
making it stable, flat, asymmetric, and with 
a physiological composition (Figure 1). This 
method is inspired by four observations. 
First, only microfluidic devices having at 
least two accessible channels facing each 
lipid monolayer allow quick changes of the 
medium in both sides of the bilayer without 
disturbing the fragile membrane. Second, to 
be observable under a microscope, the mem-
brane must be horizontal. Third, 3D-printing 
techniques can be used to manufacture 
highly versatile bilayer-forming devices that 
are adaptable to any monitoring equipment, 
such as microscope or patch-clamp amplifier. 
Fourth, in most current systems, the general 
principle to successfully make free-standing 
membranes is to start from two monolayers 
separated by oil and subsequently drain the 
oil so that the monolayers contact and form 
a bilayer. During this process, the drainage 

phase leaves an annulus of oil and possibly the presence of 
an oil film between the two lipid monolayers. To significantly 
reduce the amount of residual oil, Malmstadt et al. introduced 
the principle of automated lipid bilayer formation, i.e., without 
any external triggering, in poly(dimethylsiloxane) (PDMS) chip 
by selective solvent extraction.[31] These four observations led us 
to design a single-block dual-channels PDMS microfluidic chip 
made from 3D-printed molds to form and monitor horizontal 
membranes. The chip is integrated with a spinning-disk confocal 
microscope and a path-clamp amplifier to observe the bilayer 
formation and following processes synchronously. Concurred 
observations indicate that the bilayer is free-standing, stable, 
large, solvent-free, fluid, and flat, even when having a physiolog-
ical composition. The aqueous medium adjacent to both sides of 
the membrane can be readily changed, allowing the membrane 
to be asymmetric and proteins to be present on either side of the 
membrane with controlled orientation and full functionality.

2. Results

First, the chip fabrication, from 3D-printing to single-block 
microfluidic chip, is described. Then, as a proof of concept for 
the physiological-like membrane, we present the following: 
strategies to form symmetric or asymmetric membranes, char-
acterization of asymmetry, stability, flatness, and fluidity of the 
bilayer, versatility of the setup to make a correctly oriented pro-
tein on either side of the membrane, and finally protein func-
tionality verification.

Small 2019, 1900725

Figure 1. 3D printing–based microfluidic chip setup for performing optical and electrical meas-
urements. The molds providing the top channel with a pillar to make the hole where the bilayer 
will be located and the bottom channels are produced by 3D-printer (top, left), then the PDMS 
mixture is casted on the assembled single mold (top, right). The final single-block microflu-
idic device contains two crossed channels (red and blue, bottom) separated by a hole where 
the horizontal free-standing bilayer will form (bottom). The process of bilayer formation and 
following assays can be simultaneously monitored by conventional apparatus, e.g., confocal 
microscopy and patch-clamp amplifier. Scale bar for inset is 100 µm.
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2.1. Design, 3D-Printing, and Fabrication of the Chip

The device presented here is mainly composed of PDMS which 
was poured on 3D-printed molds (Figure 1 and Figure S1a, 
Supporting Information). The PDMS chip contains two hori-
zontal crossed-channels connected by a hole. During the mem-
brane formation process, a squalene droplet is initially trapped 
in this hole and separates the two channels. A lipid monolayer 
is formed on each side of the squalene droplet. Squalene is 
absorbed by PDMS which brings the two monolayers spontane-
ously into contact, and the free-standing bilayer having a hori-
zontal geometry starts to form in the hole.

2.1.1. Chip Geometry and 3D-Printing

Two molds are produced with a tabletop high-resolution digital 
light processing (DLP)/Stereolithography (SLA) 3D-printer 
(Figure 1 and Figure S1b–d, Supporting Information). The 
bottom mold provides the shape of the bottom channel that 
will be located between the cover glass and PDMS. The channel 
dimensions are: 10 mm × 400 µm × 200 µm (length × width × 
height). The top mold has the shape of the top channel (5 mm ×  
400 µm × 200 µm, length × width × height) and an ≈100 µm 
diameter height cylinder of radius ≈50 µm located at its center. 
This cylinder, that can easily be of other shapes by 3D-printing 
(e.g., triangular or rectangular, Videos SV1–3, Supporting infor-
mation), will produce the hole between the two channels. The 
two molds are assembled and the final structure is ready to be 
filled with PDMS (see the Experimental Section for details).

2.1.2. PDMS Chip Fabrication

PDMS was poured into the assembled top and bottom molds. 
When the cured PDMS was detached from the molds, the chip 
is a single-block PDMS containing two grooves that need to be 
sealed to form channels. An additional PDMS cube having inlet 
and outlet holes is used to cover the top channel. A second PDMS 
cube is attached to the bottom inlet part, both inlet and outlet 
holes were punched, and finally bottom channel was created by 
plasma bonding with coverslip (Figure 1 and Figure S1a, Sup-
porting Information, see the Experimental Section for details).

2.2. Horizontal Free-Standing Membrane Formation

In vitro bilayer reconstitution in the microfluidic chip is a three-
step procedure: trapping a squalene droplet in the hole between 
the two channels, spreading a lipid monolayer at the squalene/
buffer interface, and spontaneous removal of the squalene by 
PDMS.

2.2.1. Suspending a Nanoliter Squalene Droplet in the Hole

Initially, the chip is filled up with squalene, aqueous buffer is 
flowed in and pushes the oil away in the bottom channel first 
and in the top channel right after. The oil in the hole is not 

affected by these two buffer flows, leaving a 70–100 µm thick 
oil droplet (≈1 nL volume) suspended between the two chan-
nels (Figure 2a). As a result, an oil/buffer interface is facing 
each channel. These interfaces are highly reactive because they 
have a high surface tension, typically a few mN m−1.

2.2.2. Sandwiching the Squalene Droplet between  
Two Lipid Monolayers

At that point, monolayers need to be spread on both oil/buffer 
interfaces. Amphiphilic molecules presented in the vicinity of 
the interface will spontaneously insert their hydrophobic tails 
in the oil with their polar head facing the buffer to decrease the 
surface tension. Hence, to make monolayers on squalene drop-
lets, lipids can be brought from either the oil or the aqueous 
phase. In the following, we compare the two methods.

Lipid-in-Oil Approach: All the ≈2 mg mL−1 lipids we tested 
could be resuspended in squalene upon thorough mixing 
and heating at 50 °C for 30 min, and at 24 °C for 12 h. Once 
the lipids/squalene droplet is trapped at the hole, lipids from 
squalene spontaneously rearrange and form lipid monolayers 
at both oil/buffer interfaces. Note that, with this protocol, both 
monolayers necessarily have the same composition. The lipid 
molecules remaining in the oil phase affect the droplet life-
time and the bilayer flatness. Further details are described in 
Sections 2.4.1., 2.4.2., and 3.

Small Unilamellar Vesicles-on-Oil Approach: Since the device 
presented here has dual open channels, small unilamellar 
vesicles (SUVs) can be used as a carrier of the lipids. After the 
squalene droplet is trapped in the hole, SUVs are flowed in each 
channel and form a monolayer by spontaneously spreading on 
the squalene/buffer interfaces which are highly reactive. It is 
important to have enough SUVs in the solution to obtain a suf-
ficient coverage of the interface when the two monolayers con-
tact. If the coverage is insufficient, the bilayer will immediately 
break. Typically, SUVs with 5 × 10−3 m lipid concentration are 
forming finely packed monolayers. Note that the SUVs flowed 
in the two channels can be of different compositions which 
gives diversity in each monolayer, e.g., asymmetric lipids com-
position and distribution as well as proteins.

2.2.3. Bilayer Formation

As a result of squalene absorption by PDMS, the oil-free region 
in the center of the squalene phase nucleates a contact of two 
lipid monolayers, and the bilayer region spreads out over the 
whole section of the hole upon further absorption.

Kinetics of Squalene Absorption: In the hole separating the two 
channels, a lipid-free 1 nL squalene droplet is almost uniformly 
absorbed by PDMS over the course of ≈1 h (Figure 2d–g).  
To quantitatively monitor this decrease, we have added a fluo-
rescent dye, BODIPY, in squalene (Figure 2e). The distance 
between the two squalene/buffer interfaces decreases in 
time, slightly faster in the center (Figure 2e–g). When the two 
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lipid-free interfaces meet at the center, the droplet is broken and 
there is direct contact between the buffers from the two  channels 
as confirmed by the disappearance of any fluorescence in the 
center (at 70 min in Figure 2d) and the simultaneous increase 
in capacitance to unrealistic values. Note that to prevent use-
less troubleshooting time, whenever a new chip is fabricated, 

squalene absorption kinetics was systematically tested. If the 
absorption time was not ≈1 h, the chip was discarded.

Kinetics of Bilayer Formation: When there are lipid mono-
layers at the oil/buffer interfaces, BODIPY-stained squalene 
shows spontaneous absorption at a similar rate to a lipid-free 
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Figure 3. Simultaneous optical and electrical monitoring of bilayer formation. a) Tilted (top) and XZ projectin (middle) of time-dependent z-stack 
images, capacitance values across the channels and corresponding cartoon (bottom). The squalene droplet is labeled with BODIPY. t = 80 min is just 
after bilayer nucleation. The fluorescence-free region inside of green area indicates the bilayer. The last two panels are during the capacitance plateau. 
Scale bars with arrows, 60 µm for x, y and 100 µm for z. b,c) Simultaneous observation of bilayer in b) bright-field and c) capacitance (Video SV1, Sup-
porting Information). DOPC:DOPS:Cholesterol:DOPE (35:10:25:30 mol%) was used in this representative example. Scale bars in b), 25 µm. d) Bilayer 
area-dependent capacitance increase; the specific capacitance for the lipid composition presented in b) is 7.5 ± 0.4 mF m−2. Each symbol indicates 
independent measurements (five in total). Error bars in the y-axis of each symbol are less than the symbol size.

Figure 2. Trapping and absorption of a suspended squalene droplet sandwiched between two lipid monolayers in the hole. a) Lipid/squalene mixture 
(green) initially filling the chip is pushed away by a buffer at the bottom (left) and top (right) channels (Videos SV4 and SV5, Supporting Information). 
White dots indicate each channel. Scale bars, 200 µm. b,c) Two methods are available for lipid monolayer formation, b) lipid-in-oil or c) small unila-
mellar vesicles-on-oil: spontaneous spreading of liposome at the highly reactive interface between squalene and buffer. d) Fluorescence images of the 
squalene droplet (without lipids) being absorbed by the PDMS chip. Squalene was stained with BODIPY. Image at 70 min indicates a broken droplet 
allowing buffer connection between the two channels. Scale bar, 100 µm. e,f) Squalene droplet thinning e) without lipids or f) with lipids. Thickness 
of BODIPY-containing squalene was measured by z-stack images. g) 50% squalene thickness reduction time (Absorption 50) of PDMS from center 
(0 µm) to rim (50 µm) of the hole without (green) and with lipids (red). DOPC:DOPS:Cholesterol:DOPE (35:10:25:30 mol%) was used in f) and g).
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squalene droplet (Figure 2f,g). The two monolayers get close to 
each other from the center following the geometric change in 
lipid-free squalene droplet (Figure 3a). The capacitance starts 
increasing when the fluorescence disappears from the center of 
squalene droplet (t = 80 min, Figure 3a). These simultaneous 
observations indicate that an oil-free bilayer starts forming at 
the center of squalene droplet, meaning that the bilayer nuclea-
tion is due to the automated thinning process of squalene 
absorbed by the surrounding PDMS (right panels, Figure 3a). 
Then, upon further squalene absorption, the bilayer spreads 
radially in time toward the edge of the hole.

The spreading of the bilayer is synchronously monitored 
optically in bright-field (Figure 3b) and electrically by capaci-
tance measurement (Figure 3c). Optically, the squalene droplet 
is initially of relatively uniform intensity. After ≈1 h, a tiny disk 
briefly appears in the center (at 71 min in the example pre-
sented in Figure 3b) and is followed, a few seconds later, by 
a new pattern: a bright and sharp ring suddenly appears indi-
cating a change in refractive index between the two regions of 
uniform intensity. The bright ring spreads outward and disap-
pears when it coincides with the edge of the hole. To under-
stand the nature of each region delineated by this ring, we 
have compared the bright-field images with the fluorescence of 
squalene stained with BODIPY shown in Figure 3a. There was 
no visible trace of fluorescence in the inner region surrounded 
by the ring in bright-field, indicating that the oil was entirely 
removed from the interspace between the two leaflets. During 
dilation, the fluorescence overlapped with the outer region of 
the ring and finally vanished when the ring reached the edge 
of the hole. Notably, and contrarily to many planar bilayer 
setups, there is no observable amount of remaining solvent-
annulus in a fully extended bilayer.

The simultaneous electric monitoring of the system confirms 
that the region inside the ring is a zipping bilayer. Initially, the 
capacitance upon squalene droplet formation is null indicating 
that the droplet electrically isolates the two channels from each 
other. When the ring appears (at time 71 min in the example 
in Figure 3b), a sharp increase in capacitance is observed 
(Figure 3c). The capacitance continues to increase as the regions 
delineated by the ring expand (for ≈30 min in Figure 3b,c) and 
plateaus at the end of bilayer expansion. Comparing the area of 
the expanding disk and the capacitance  provides direct informa-
tion on the bilayer formation and  properties (Figure 3d). First, 
the area of the membrane, observed in bright-field (Figure 3b) 
or fluorescence (Figure 3a), varies linearly with the capacitance 
(Figure 3d) as predicted by a dielectric analogy.[32,33] In addition, 
the slope of this linear variation gives the value of the specific 
capacitance of the membrane (≈10−2 F m−2) which is consistent 
with the value reported in the literature for an oil-free bilayer.[34]

All these coinciding results indicate that a horizontal free-
standing bilayer is actually formed. The initial transition from 
no bilayer to a bilayer phase, at 71 min in the example given 
in Figure 3b,c, takes a couple of seconds. In the first picture  
(71 min), the ring is dim and the capacitance is still less than 
1 pF. A few seconds later (71.1 min), the bright ring sud-
denly appears and the capacitance continuously increases to 
20 pF. This sharp transition can easily be explained. When 
the squalene layer at the center of the droplet becomes thin 
enough, a fluctuation brings the two leaflets in close apposition 

and makes them adhere, forming the nucleation point for  
the membrane. The adhesion area, i.e., the membrane area, 
increases quickly until the adhesion energy of the two leaflets 
is balanced by the internal pressure of squalene. The subse-
quent increase in area and capacitance is limited by squalene 
absorption.

A common criticism of the bilayers made from oil is that 
there may be an oil film trapped between the two leaflets. Even 
though we showed there is no such film in our setup, we cannot 
exclude that there are sparse remaining squalene molecules in 
the bilayer. This is not an issue to mimic biological membrane 
as tiny amounts of oil molecules coming from (or going to) bio-
logical lipid droplets are often physiologically found between 
the two leaflets and may be very well modeled by these trapped 
squalene molecules.

2.3. Asymmetric Bilayer

Asymmetry is a key feature of physiological membrane that 
is not often achievable in current model systems.[24–26] Taking 
advantage of the geometry of the chip, we reproduced the 
physiological asymmetry of the membrane by forming the lipid 
monolayers from SUVs having two different compositions in 
the upper and lower channels, respectively (Figure 4). To distin-
guish the two types of SUVs, we labeled their membranes with 
two different fluorescent dyes. Flowing a quencher of the lower 
channel lipid dye in the upper channel after bilayer formation 
did not affect the fluorescence. In contrast, flowing in the same 
quencher in the lower channel completely removed the fluores-
cence of the corresponding dye. These results unambiguously 
show that the membrane is asymmetric and that the lipids in 
the lower (resp., upper) leaflet come from the SUVs that were 
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Figure 4. Formation of asymmetric bilayer with the SUVs-on-oil 
approach. Schematic illustration (top) and z-stack image for an asym-
metric bilayer made of DOPC:DOPS:Cholesterol:DOPE:PIP2:ATTO647N-
DOPE (5:10:50:30:4:1 mol%) for top monolayer, DOPC:DOPS:Choleste
rol:DOPE:Sphingomyelin:NBD-PE (20:5:50:13:10:2 mol%) for bottom 
monolayer. Dithionite quenches the fluorescent dye in the lower channel 
(NBD). NBD signal disappears only when dithionite is flowed in the lower 
channel, showing the asymmetry of the bilayer. Scale bars with arrows, 
100 µm for x, y, z in the middle panel, and 50 µm for x and 100 µm for z 
in the bottom panels.



1900725 (6 of 13)

www.advancedsciencenews.com

© 2019 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim

www.small-journal.com

flowed in the lower (resp., upper) channel. Also, we did not 
observe any fluorescence inside the droplet when the squalene 
is sandwiched between the two monolayers, indicating that the 
lipid molecules do not spontaneously dissolve in the oil. Finally, 
there was no significant exchange (flip-flop) between the two 
leaflets over the lifespan of the membrane (≈2 h).

2.4. General Properties of the Suspended Membrane:  
Stability, Shape, and Fluidity

To in vitro recapitulate a biological process at the membrane, 
the bilayer made of physiological lipids must be stable long 
enough, at least for 1 or 2 h, flat enough for optical observation 
of the reaction over the whole surface, and it must be perfectly 
fluid. We tested these aspects on several symmetric bilayer 
compositions made from the lipid-in-oil or the SUVs-on-oil 
approach and two asymmetric membranes.

2.4.1. Stability of the Membrane

After the squalene fluorescence signal has disappeared 
(Figure 3a), the membrane is fully zipped and its area remains 
constant for a long time until membrane rupture attested by 
a sudden increase of the capacitance to a nonmeasurable 
value. The origin of this rupture can be diverse, but the most 
likely explanation is that surface tension, which is defined 

by  membrane composition and lipid packing, increases up 
to the lysis tension. We characterized 14 types of symmetric 
membranes (both lipid leaflets are the same) with both the 
lipid- in-oil and SUVs-on-oil protocols and two asymmetric 
membranes made from SUVs, including one mimicking the 
composition of physiological plasma membranes (Figure 5a). 
For all cases, the success rate of membrane formation, i.e., the 
percentage of trials leading to a fully zipped bilayer, was close to 
100%. The membrane lifetime, defined as the time difference 
between membrane formation and lysis, depended on the lipid 
composition and monolayer formation strategy. Symmetric 
membranes made from SUVs have a 5–55% longer lifetime 
before lysis than the ones made from lipid-in-oil (Figure 5a). 
Asymmetric membranes remained intact for almost 3 h on 
average which demonstrates this setup is perfectly suited to 
reproducibly reconstitute stable membranes having physiolog-
ical lipid composition and asymmetry. Finally, all these mem-
branes are resistant to thorough and repeated replacement of 
the surrounding buffer (Figure S2, Supporting Information). 
This resistance to flow shows that the device is appropriate to 
reproduce sequential reactions on either leaflet by flowing in 
reactants in the corresponding channel and that the cylindrical 
hole probably protects the bilayer from the buffer flow.

Typically, the bilayers presented here have ≈100 µm in diam-
eter. We did not systematically evaluate the impact of the hole 
diameter or shape on the stability. However, the bilayers were 
successfully formed with diameters ranging from 80 to 200 µm.  
Larger holes (≈200 µm) displayed an ≈20% faster squalene 
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Figure 5. Stability and flatness of the membrane. a) Stability of symmetric and asymmetric bilayers with 16 lipid compositions. The first 14 composi-
tions were equally made with both the lipid-in-oil or SUVs-on-oil approaches and reproducibly formed stable symmetric bilayers. The last two composi-
tions formed stable asymmetric bilayers. They can only be done using the SUVs-on-oil approach. The lifetime of the bilayer is reported in the second 
column for the lipid-in-oil approach and the third column for membranes made from SUVs. The last column indicates the percentage of lifetime 
increase from lipid-in-oil to SUVs-on-oil. Chol and SM indicate cholesterol and sphingomyelin. Equivalent DOPC mol% from the third lipid composi-
tion (DOPC, DOPS, Cholesterol, DOPE) is reduced when PIP2, cerebroside, sulfatide, sphingomyelin, and more cholesterol were added separately. The 
success rate of membrane formation was close to 100%, omitting technical issues unrelated to the bilayer, including squalene absorption problem in 
newly made chip, damage on the connector for tube insertion, and so on. Typically, ten membranes or more were tested in each case. b,c) Membrane 
flatness comparison of two bilayer-forming strategies. After 90 min of bilayer formation with either b) lipid-in-oil or c) SUVs-on-oil protocol, z-stack 
fluorescence images were taken. Same lipid composition, DOPC:DOPS:Chol:DOPE:NBD-PE (34:10:25:30:1 mol%) was used in both cases. Scale bars, 
25 µm. The number of trials for each case is indicated in Figure S3, Supporting information.
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absorption rate and up to 20% shorter lifetimes. When the 
hole diameter was less than 80 µm, the bilayer was formed, but 
the squalene absorption rate was decreased dramatically. As a 
consequence, in 95% of the cases we tested, it took 4 h or more 
to form a bilayer which may be limiting for most experimental 
conditions.

2.4.2. Flatness of the Horizontal Membrane

In a horizontal bilayer setup, the membrane must be as flat as 
possible to monitor the entire surface of the membrane in a 
microscope. In the lipid-in-oil approach, the bilayer is relatively 
flat and horizontal during the expansion state, but, after full 
expansion, it often bends which prevents observation in a single 
confocal image (Figure 5b). In some cases, the membrane 
grows indefinitely out of the hole as simultaneously attested by 
optical observation (Video SV6, Supporting Information) and 
by the capacitance that constantly increases. We assume this 
increase in area of the bilayer originates from the quasi-infinite 
supply of lipid in the oil. On the other hand, in the SUVs-on-oil 
approach, the membrane remains flat and horizontal, making 
it more suitable for optical observations (Figure 5c). In this 
method, we never saw the bilayer growing out of the hole, and 
only in rare case (≈10%), the whole membrane is bent simi-
larly to the bilayer formed with lipid-in-oil strategy. We did not 

observe any significant difference in behavior regarding the flat-
ness of the membrane between the various lipid compositions.

2.4.3. Fluidity

Biological membranes are generally fluid. Free-standing mem-
branes should conceptually be fluid which is not the case with 
supported bilayers, but the actual mobility of the lipids or pro-
teins is usually not reported for planar bilayer setups. Thus, we 
decided to extensively investigate the fluidity of the membranes 
presented here with fluorescence recovery after photobleaching 
(FRAP) technique (Figure 6a,b). In brief, under a scanning con-
focal microscope, a disk of radius, r, is bleached during one 
frame acquisition by locally increasing the laser power. The 
total fluorescence recovery over the disk is subsequently moni-
tored in time. This recovery displays a characteristic time, τ. For 
standard diffusion, τ varies linearly with r2: r2 = 4Dτ, where D 
is the diffusion coefficient. We found that τ and r2 are indeed 
proportional over a wide range of sizes (10–100 µm, Figure 6c). 
The resulting diffusion coefficient was similar to the one meas-
ured on giant vesicles (≈10 µm2 s−1),[35] which is approx. two to 
three times faster than on supported membranes.[36]

The plateau of the recovery curve also provides relevant infor-
mation to understand the lipid dynamics in the system. We 
observed that the intensity of this plateau varied inversely with 
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Figure 6. FRAP of lipids in a bilayer. a) Representative recovery images of NBD-PE-containing bilayer with 10 (top) or 95 µm (bottom) diameter 
bleached disk highlighted by the white dashed circle. Dashed line (black) indicates the beaching time. Scale bars, 25 µm. b) Fluorescence recovery with 
10, 30, and 95 µm diameter bleached disks. c) Linear relationship between the recovery time and the bleached disk area. Disk diameter was 10, 12.5, 
15, 20, 20.5, 30 µm for NBD-PE, and 10, 12.5, 15, 17.5. 20 µm for t-SNARE. Error bars at 10, 12.5, 15 µm disk diameter in all cases were less than the 
symbol dimension. d) Test of the relationship between the relative plateau intensity, Ip, in b) and the bleached disk area, Sp predicted by Equation (1) 
and displayed as a red line. Error bars are less than the symbol.
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the size of the disk (Figure 6d). Quantitatively, for a bleached 
area Sb, the relative plateau intensity, Ip, follows:

I
S S

S

S

S
= − = −1p

t b

t

b

t

 (1)

where St is the total area of the bilayer. Equation (1) is valid 
when lipid exchange occurs only within the membrane. If 
other large lipid reservoirs are included, the plateau intensity 
should always be equal to the prebleaching value as all bleached 
lipids are replaced by fluorescent ones. Since, the variation of 
the plateau intensity presented in Figure 6d follows exactly the 
quantitative prediction of Equation (1), the membrane behaves 
like an isolated entity without any lipid exchange with other 
lipids reservoirs. Interestingly, this almost ideal fit is observed 
in the lipid-in-oil approach even when the bilayer is not fully 
expanded. This shows that there is no lipid transfer from the 
oil reservoir to the membrane or from the membrane to the oil 
reservoir on the timescale of the experiment.

2.5. Insertion and Characterization of Proteins in the Bilayer

Finally, three types of membrane proteins have been inves-
tigated: t-SNARE (target membrane—soluble N-ethylma-
leimide—sensitive factor attachment protein receptor), 
α-Synuclein, and α-hemolysin, as representative of transmem-
brane, peripheral, and channel protein examples, respectively. 

The controlled orientation, fluidity, and functionality of the 
protein, as well as the electrical properties of the membrane, 
are characterized including the methods for inserting such pro-
teins into a bilayer.

2.5.1. A Transmembrane Protein: t-SNARE

Transmembrane proteins, composed of both hydrophobic and 
hydrophilic domains, have to be mobile, correctly oriented, and 
functional in a membrane. Their insertion cannot be achieved 
following lipid-in-oil approach since hydrophilic domains in 
the oil create protein aggregation and they seldom recover their 
native conformation. However, using SUVs-on-oil approach 
with proteo-SUVs, widely used for decades, is a straightfor-
ward way to insert transmembrane protein during the lipid 
monolayer formation. Proteins can be embedded into SUV 
membranes using one of the standard methods, then these 
proteo-SUVs are subsequently flowed in the chip to form one 
of the monolayers or both, i.e., proteins can be freely inserted 
on either side of the membrane (Figure 7a). As an example, 
we have used t-SNARE which is a protein complex containing 
a single transmembrane domain (TMD) and a large cytosolic 
domain (CTD). Upon proteo-SUV spreading on squalene, it 
is expected that the hydrophilic CTD remains in the buffer 
while the hydrophobic TMD inserts in the oil. After bilayer 
zipping, CTD cannot cross the bilayer and will only be facing 
the channel in which the proteo-SUVs were flowed, indicating 
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Figure 7. Characterization of membrane proteins. a) Protein-inserting method into a free-standing bilayer adapting the SUVs-on-oil approach to 
proteo-SUVs. As an example, t-SNARE complex was used. b,c) Immunofluorescence assay for orientation analysis. Fluorescently labeled primary 
antibody (blue) is injected into the b) bottom channel, and c) top channel in sequential manner after t-SNARE incorporation into a bilayer. The top car-
toons sketch the experiment and the lower images show the final intensity of the membrane after rinsing off the antibodies. Scale bars, 50 µm for x, z.  
d) Schematic illustration of functionality assay. The cognate binding pair, CTD of v-SNARE, was labeled with ATTO-550 and injected to the top channel. 
The lower graph shows the intensity projection of ATTO-550-labeled CTD of v-SNARE; in the z-axis, 0 µm indicates the focal plane position of the 
bilayer. e) Schematic illustration of interactions between α-Synuclein (green) and negatively charged bilayer. f) Zoom in on a DOPC:DOPC:Chol:DOPE 
(35:10:25:30 mol%) membrane with bound fluorescent α-Synuclein. Five min after three successive FRAP experiments with 10, 15, and 20 µm 
bleached disks, respectively, the patterns of the disks are still visible showing that α-Synuclein is immobile. g) α-Hemolysin at 40 × 10−9 m in 10 × 
10−3 m Tris-HCl, 1 m KCl, 1 × 10−3 m EDTA, pH 8.0 spontaneously forms channels that are observed by jumps in current under a constant 50 mV 
tension applied between the two sides of the bilayer. h) Current–voltage characteristics of α-hemolysin channels. Blue circles were obtained when a 
thick squalene droplet was still separating the two leaflets and red squares were measured after bilayer formation, by varying the tension during the 
red dashed section in (g).
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that, in theory, the orientation of the protein can be controlled. 
To check this hypothesis, we have flowed proteo-SUVs only in 
the top channel and protein-free SUVs in the bottom one. After 
bilayer formation, a fluorescent primary antibody was injected 
in the bottom and top channels sequentially. This antibody 
labeled the membrane only on the side of the channel where 
the proteo-SUVs were presented (Figure 7b,c), proving the cor-
rect orientation of the t-SNAREs. A secondary antibody can 
also be used to confirm the presence of the protein and indi-
cating that this setup is compatible with immunofluorescence 
assay (Figure S4, Supporting Information). We have used a 
 fluorescently labeled protein and performed FRAP experiments 
to check the mobility of the t-SNARE in the membrane. The 
proportionality between r2 and τ shows that t-SNAREs move-
ment follows standard free diffusion with a diffusion coeffi-
cient of ≈4 µm2 s−1 (Figure 6c) of the same order as what was 
previously measured with giant liposomes and sponge phase.[37] 
Finally, t-SNAREs are functional as they specifically bind the 
CTD of the fluorescently labeled cognate partner, vesicular 
SNARE (v-SNARE, Figure 7d).

Hence, it is possible to successfully insert transmembrane 
proteins while keeping their mobility, controlled orientation, 
and functionality in this microfluidic setup.

2.5.2. A Peripheral Protein: α-Synuclein

Peripheral proteins do not have TMDs but spontaneously bind 
to a membrane, often through amphipathic helices. They are 
usually soluble in aqueous buffer, hence, in our system, these 
proteins can be directly flowed in the channel. As a prototypical 
example of peripheral protein, we tested α-Synuclein, which 
participates in the regulation of neurotransmission. It binds 
to negatively charged membranes where it tends to aggregate 
(Figure 7e). We have flowed fluorescently labeled α-Synuclein 
in the upper channel after bilayer formation. The membrane 
became fluorescent after proteins remaining in the buffer were 
washed out, showing that α-Synuclein binds onto the mem-
brane. In contrast with t-SNARE, bleaching experiments did 
not exhibit significant fluorescence recovery at all disk sizes 
tested, showing that the protein is immobile (Figure 7f). This 
is consistent with the known aggregation of the protein on the 
membrane.[38]

2.5.3. A Pore-Forming Protein: α-Hemolysin

Finally, we tested a soluble protein that oligomerizes in a 
heptamer complex and forms a 1–1.5 nm wide channel-like 
structure that spans through the membrane. To test whether 
channels were forming in the membrane, we imposed a 
voltage difference between the two channels, U, and measured 
the current between the electrodes (Figure 7g). Before adding 
α-hemolysin, no significant current was observed. A current 
larger than the noise level was only observed when α-hemolysin 
was added after bilayer formation and was presenting stepwise 
increase indicating the sequential open-channel formation 
(Figure 7h). The diameter of the channel is estimated through 
the relation

d
l I

GCUπ
= ∆

2  (2)

where d is the pore diameter, l is the length of the channel, I∆  
is the step increase in current, G is the molar conductivity, C is 
the concentration, and U is the voltage. Using values from the 
example in Figure 7g (l ∼ 10 nm, I∆  ∼ 50 pA, G ∼ 10 S M m−1,  
C = 1 m, U = 50 mV), our measurements indicate that the hemo-
lysin pore is equivalent to a freely conducting pore of 1.2 nm in 
diameter which is close to the reported value, 1.5 nm.[39] To test 
that this value did not significantly depend on the voltage, we 
varied U between −100 mV and +100 mV and did not observe 
any significant variation as attested by the linear variation 
between the current jump and the applied voltage (Figure 7h).

3. Discussion

In this discussion, we will address two points: the impact 
of lipid packing in each leaflet on the success rate of mem-
brane formation and the lifetime of the membrane, and gen-
eral protocols to insert any type of protein with controlled 
orientation.

3.1. Impact of Lipid Packing and Surface Tension  
on the Stability of the Membrane

Successful formation and long lifetime of the membrane are 
intimately connected to lipid packing, which depends on num-
bers of parameters. We focused on the needs to have conical 
shape lipids to efficiently form membranes and the impact of 
cholesterol on the lifetime of the membrane.

3.1.1. Success-Rate of Membrane Formation

The surface tension of a membrane is the macroscopic signa-
ture of lipid packing at the molecular level. An increase in sur-
face tension indicates a decrease in lipid packing. However, the 
change in lipid packing between a tensionless membrane and 
lysis tension is small, 5–10% (Figure S5a, Supporting informa-
tion).[40] As a result, in our setup, successful membrane forma-
tion requires that both monolayers are close to maximum lipid 
density when they contact upon squalene absorption. Attempts 
to form bilayers made of 1,2-dioleoyl-sn-glycero-3-phosphocho-
line (DOPC) confirmed that hypothesis. We tried to make pure 
DOPC membranes from lipids-in-oil and noticed that, upon 
flowing buffer inside a chip filled with squalene, large struc-
tures containing lipid and squalene appeared near the buffer/
squalene interface, locally forming what looks like an emulsion 
(Figure S5b, Supporting information). Hence, lipids from the 
monolayer are constantly resuspended in the buffer phase by 
an emulsification process generating an outward flow of lipids 
that prevents full packing of the monolayer. This is why the 
success rate of membrane formation was extremely low with 
pure DOPC. In 90% of the cases, the membranes did not even 
start forming and the two monolayers collapsed upon contact 
as shown by the capacitance and fluorescence measurements. 
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A similar emulsification process resulting in low success rate 
also occurred when adding 1,2-dioleoyl-sn-glycero-3-phosserine 
(DOPS) or cholesterol (two mixtures, DOPC:DOPS (90:10) and 
DOPC:DOPS:cholesterol (60:10:30), were tested). Overall, we 
noticed that having 30% or more conical shaped lipids such 
as 1,2-dioleoyl-sn-glycero-3-phospoethanolamine (DOPE) pre-
vented emulsification (Figure 5a) and was thus required to have 
highly reproducible membrane formation. This is probably 
because conical shape lipids favor negative curvatures while 
emulsion droplets have positive curvatures.

3.1.2. Lifetime of the Membrane

Once a bilayer is formed, it remains stable during the time 
required for the surface tension to increase from the initial 
one to the lysis tension (Figure S5a, Supporting information). 
Hence, lowering the initial surface tension, i.e., increasing ini-
tial lipid packing, and/or increasing the lysis tension will make 
the membrane longer-lived.

The impact of the initial surface tension on the lifetime of 
the membrane is attested by the comparison between the two 
approaches to form monolayers. It was previously showed that 
lipid packing in the lipid-in-oil approach is usually lower than 
in the SUVs-on-oil protocol,[41] making the initial surface ten-
sion higher when lipids come from the oil. As a result, a longer 
membrane lifetime is observed with the SUVs-on-oil protocol.

Membranes with higher lysis tension are expected to have a 
longer lifetime. It is well known that cholesterol increases lysis 
tension because it is a tiny amphiphilic molecule that can fill 
the hydrophobic gaps between larger lipid molecules.[40] This 
explains our observation that large amounts of cholesterol 
make membranes longer-lived. Also, addition of sulfatide or 
cerebroside in the bilayer improves the stability. Even though 
we do not have direct proof, these two components may act in 
a similar manner as cholesterol by increasing the lysis tension.

Finally, we cannot ignore the fact that the interactions 
between the membrane and PDMS may play an important role 
in the stability. Indeed, rupture could occur at the edge, where 
the membrane adheres to PDMS. However, if this was the case, 
the lifetime of the bilayer should be relatively independent of 
the lipid composition because PDMS/membrane interactions 
should not vary significantly. Since we observed that the life-
time can change more than tenfold with the composition, it is 
unlikely that the membranes break by detaching from PDMS. 
Hence, the stability is only determined by the lysis tension.

3.2. General Principle for Inserting Any Protein  
in the Membrane

The procedure we presented for α-Synuclein and α-Hemolysin 
can be used with any soluble protein. However, the transmem-
brane protein we tested, t-SNARE, is peculiar in the sense that 
it has only two distinct domains of different hydrophobicity: 
a hydrophilic region (CTD) and a hydrophobic region (TMD), 
making it prone to spontaneously insert at an oil/buffer inter-
face together with lipids. Though many transmembrane 
proteins have a similar amphipathic property as t-SNAREs 

(one hydrophilic and one hydrophobic domain, I, Figure S6, 
 Supporting information), others are either almost purely 
hydrophobic (tiny hydrophilic loops connecting their TMDs), 
such as bacteriorhodopsin (II, Figure S6, Supporting informa-
tion) or present a triple structure: hydrophilic/hydrophobic/
hydrophilic domains, such as LDL-receptor (III, Figure S6, 
Supporting information). In general, these two types of pro-
teins will also settle down at an oil/buffer interface, but they 
may have uncontrolled orientations and/or may lose their 
conformation and functionality. Here, we propose strategies 
to bring these two protein types back to the case of t-SNAREs. 
To render amphipathic proteins that are almost purely hydro-
phobic, a common approach is to add a large hydrophilic 
domain that is cleaved after insertion at the interface. For 
instance, a green fluorescent protein would be appropriate and 
present the advantage of facilitating the monitoring of protein 
insertion by fluorescence. For the hydrophilic/hydrophobic/
hydrophilic proteins, it is slightly more complicated. The pro-
tein must first be reduced to a hydrophilic/hydrophobic pre-
protein. The second hydrophilic domain must be added, for 
instance by click chemistry, after the pre-protein is correctly 
inserted in the membrane. Using these strategies, virtually 
any type of transmembrane protein can be incorporated in the 
free-standing bilayer with correct and controlled orientation. In 
addition, purely hydrophobic peptides could be directly added 
in squalene and be trapped between the two leaflets after mem-
brane formation. This protocol may be useful to monitor oil-
containing biological processes such as lipid droplet formation.

4. Conclusion

In summary, we simultaneously monitored the formation 
of in vitro physiological asymmetric membrane in a newly 
developed microfluidic setup combined with optical and elec-
trical apparatus. Using a 3D-printing technique, the PDMS 
chip with adjustable geometry was successfully produced for 
reconstitution of horizontal free-standing bilayers. Synchro-
nous observation with a confocal microscope and patch-clamp 
amplifier allows the characterization of the prebilayer state and 
membrane formation. Coincident results from bright-field, 
3D-reconstituted fluorescence images and capacitance reveal 
that membranes composed of physiological lipids are free-
standing, solvent-free, fully fluid like giant vesicles, large, and 
stable over an hour. With this setup, membranes are formed 
with a success rate close to 100%. The two freely accessible 
channels adjacent to the bilayer allow the development of a 
new strategy, using SUVs as carriers of lipids and transmem-
brane proteins, to form each membrane leaflet separately. 
Through this protocol, an asymmetric bilayer was reproduc-
ibly formed, and the membrane was relatively flat for optical 
observation.  Furthermore, membrane proteins were inserted 
or presented on the bilayer with a controlled orientation while 
keeping their mobility and functionality. Hence, this chip is the 
most advanced platform that satisfies all the criteria required 
for in vitro reconstitution of physiological membranes, and 
can be widely used to monitor almost any biological process 
at the membrane. Further improvements to the setup can be 
envisioned, e.g., a perfect control and monitoring of the surface 
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tension which may be a key parameter in some physiological 
processes. Future  developments also include the possibility to 
recreate not only an in vivo membrane itself but also a physio-
logical membrane environment, such as cytoskeleton (e.g., actin 
network), which is the first step toward an artificial cell-on-chip.

5. Experimental Section
3D Printing: The molds were printed by DLP/SLA combined tabletop 

printer, Titan2 HR (Kudo3D). The bottom mold which creates a bottom 
channel between the cover glass and PDMS and the top mold which 
creates the top channel and the 100 µm diameter and 100 µm height 
hole connecting the two channels were sketched with computer-aided 
design (CAD) software, AutoCAD (Autodesk). The exported lithography 
files (.stl) of the molds were sliced along the z-axis with 100 µm steps 
by Creation Workshop software (provided by Kudo3D), generating sets 
of 46 layers graphic files (.png) with 1920 × 1080 pixels resolution. Each 
.png files were composed of black or white pixels, and it can be modified 
with any kind of graphic programs (e.g., image J or Paint application 
in Windows OS). All these files are available in Supporting Files SF1–5, 
Supporting Information. Each set of layer graphics was uploaded into 
the Titan2 HR. Two types of resin were used, S-PRO (Sonnaya Ulitka 
S.L.), and 3DM-ABS (3D-Materials). Resin was poured on passive self-
peeling (PSP) resin container, 3D printing was started once the building 
platform of the 3D printer touched down the PSP resin container. 
Exposure time was depended on the resin type, 8 s from layer 1 to 2, and 
4 s from layer 3 to 46 in case of S-PRO, and 4 s from layer 1 to 2, and  
2 s from layer 3 to 46 in case of 3DM-ABS. The total height of both 
molds was 4.6 mm (layer 0 from the sketch was always deleted). The 
generated molds were immersed in isopropanol, shaken for 20 min 
at 24 °C, briefly washed with isopropanol, postcured under UV-light  
(390–395 nm) with 20 W power for 4 h at 24 °C, and finally incubated at 
30 °C for 12 h.

PDMS Chip Fabrication: After assembly (described in Figure 1), 
beach towel clips held the two structures together. The resulting 
mold was incubated in a 72 °C oven for 30 min and subsequently 
observed in a binocular to check whether the cylindrical part from 
the top mold touched the center of the channel part at the bottom 
mold. Meantime, PDMS precursor and a curing agent from Sylgard 
184 Silicone Elastomer kit (Dow Corning) were mixed at a 9:1 ratio. 
After intensive mixing, the mixture was degassed under vacuum for  
2 h. The PDMS mixture was poured on the mold carefully avoiding air 
bubble formation, and cured at 72 °C for 50 min. The cured PDMS was 
gently detached from the mold (subsequently stored for another chip 
fabrication), dipped into acetone for 20 min, and into isopropanol for 
10 min. After completely drying the cured PDMS, it was postcured at 72 
°C for 12 h. At that point, the chip was a single-block PDMS containing 
two grooves that needed to be sealed to form channels. An additional 
10 mm × 3 mm × 5 mm (length × width × height) PDMS cube was used 
to cover the top channel. This cube was first punched with a 0.5 mm 
Biopsy Punch (World Precision Instruments) to create inlet and outlet 
holes. To glue the cube, a tiny amount of PDMS mixture was spread 
on the PDMS chip just around the top channel, the cube was placed 
over this liquid PDMS and the assembled blocks were cured at 72 °C 
for 30 min. A second 3 mm × 3 mm × 5 mm (length × width × height) 
PDMS cube was attached to the bottom inlet part in the same manner, 
a 0.5 mm Biopsy Punch was used to make a hole for inlet and outlet 
of the bottom channel. Finally, the bottom channel was sealed with 
a Precision Cover Glass #1.5 (Thorlabs) by plasma cleaner (Harrick 
Plasma) (Figure S1, Supporting Information). After incubation at 72 °C 
for 12 h, squalene (ACROS Organics) was injected into each top and 
bottom channel for 10 min to clean up inside of the chip. After washing 
with acetone and isopropanol for 5 min and drying for at 24 °C for 2 h, 
the chip was ready to use (Figure S1a, Supporting Information).

Bilayer Formation from SUVs: The SUVs were prepared by sonication. 
Briefly, 5 × 10−3 m lipids were dried and rehydrated with bilayer buffer  

(25 × 10−3 m 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid, 100 × 
10−3 m KCl, pH 7.4). The mixture was sonicated performing three times 
the continuous cycle, 5 s pulse and 5 s break for 4 min, with a pause 
of ≈2 min between each cycle. The PDMS chip was filled with the lipid/
squalene mixture, and two tubes containing bilayer buffer with SUV 
solution at 5 × 10−3 m lipid were connected to the channels, one at the 
bottom inlet and the other at the top inlet, without any bubble inside. 
The chip was placed on the stage of Eclipse Ti confocal microscope 
(Nikon) with add-ons, including CSU-X spinning disk (Yokogawa), 
TuCam (Andor), dual iXon Ultra camera (Andor), and EPC10 USB 
amplifier (HEKA) to which two electrodes inserted inside the top and 
bottom channels were connected. In the case of FRAP experiments, all 
this equipment, except Eclipse Ti Confocal microscope, was set up with 
a laser scanning confocal microscope (Leica-SP5). neMESYS Syringe 
Pumps (Cetoni) was used to accurately regulate the flow of up to four 
syringes separately. The syringe connected to the bottom channel 
pushed the bilayer buffer with 0.01 µL s−1 flow rate, then the other 
syringe was pushed in similar manner into the top channel just after 
the lipid monolayer formation at the surface between the buffer in the 
bottom channel and lipid/squalene at the hole. Once the electrodes were 
immersed with buffer, the buffer continuously flowed with 0.0012 µL s−1  
in both channels. Bilayer formation was monitored both optically 
and electrically. Once the squalene droplet is formed between the 
channels, the bright-field images were recorded at 1 frame s−1 rate 
by the confocal microscope. Three types of objectives were used, 
10× (NA 0.4 CFI Plan Apo Lambda), 20× free-immersion objective 
lens (NA 0.75, CFI S Fluor), 40× water-immersion objective (NA 
1.15, CFI Apo Lambda S LWD 40XW), depending on the purpose of 
the experiment. Except for the FRAP experiment, all fluorophore 
was excited by either 488 nm laser or 640 nm laser incorporated in 
LU-N4 laser unit (Nikon). For the dual color imaging, images were 
split by 580 nm filter, and filtered either 525 or 679 nm, then recorded  
by each camera. At the same time, the capacitance was measured 
by the amplifier using silver chloride electrodes. A 10 mV sinusoidal 
wave with 20 kHz frequency was generated by the lock-in function 
controlled with the PatchMaster software provided by the amplifier 
manufacturer. Specific capacitance (CS) of DOPC:DOPS:Chol:DOPE 
(35:10:25:30 mol%) bilayer was 7.5 ± 0.4 mF m−2 on average. 
Bilayer thickness was calculated as d = εLε0/CS ≈ 3 nm, a 2.5 
dielectric constant of bilayer (known to range between 2 and 3) was 
chosen,[42,43] and the vacuum permittivity was ≈8.85 × 10−12 F m−1.  
In the case of bilayer formation from lipid dissolved in squalene, ≈2 mg mL−1  
of lipids and squalene mixture was mixed and heated at 50 °C for  
30 min, and at 24 °C for 12 h. Then this mixture directly filled up the 
chip, and a tube containing the same buffer was connected.

When the bilayer formed, it spontaneously nucleated at a certain 
z-position within the cylindrical hole, usually close to the largest 
diameter of the quasi-cylindrical hole (Figure 1 and Figure S1, 
Supporting Information). If the exact position does not matter for 
the considered purpose, this is sufficient. In the case of the chip it is 
presented here, the diameter of the hole was slightly larger closer to the 
coverslip because of the 3D-printing. Hence, the bilayer always forms 
closer to the coverslip which is an advantage in regards to the working 
distance of objectives. If a more precise positioning is required, conical-
shaped hole may be more appropriate but it was not tested. Also, 
having different flow rates in the two channels helped adjusting the 
z-position of the bilayer.

Protein Purification: The t-SNARE complex composed of syntaxin1a 
and SNAP25 with all cysteines removed (and a single cysteine added at 
site Q20C of SNAP25) was purified as previously described.[44]

Protein Labeling: The t-SNARE complex containing a single cysteine 
(Q20C) was labeled with ATTO 488-maleimide (ATTO TEC). For the 
immunofluorescence assay on the membrane, primary antibody, SMI 81 
(Biolegend), was labeled with ATTO 488-NHS ester in 3:1 of dye:protein 
ratio. The fluorescence of each protein was measured by the spectrometer 
(SpectraMax M5, Molecular Devices) after free dye removal.

Proteo-Membrane Formation: Proteo-liposomes were used as carriers 
to transfer membrane proteins into the lipid bilayer. t-SNAREs were 
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reconstituted into liposomes by the co-micellization method previously 
described. In brief, lipids (DOPC:DOPS:Cholesterol:DOPE with 
35:10:25:30 in mol%) dried under argon and vacuum were rehydrated 
with bilayer buffer supplemented with 1 × 10−3 m dithiothreitol and 1% 
n-octyl-β-D-glucoside (OG). The mixture was mixed with transmembrane 
proteins with lipid:protein ratio of 1:400 for 30 min at 24 °C, and rapidly 
diluted three times with bilayer buffer. The OG was removed by dialysis 
(10 kDa molecular weight cut-off) with the bilayer buffer containing 
0.1% w/v of SM2 Biobead (Biorad) at 4 °C for 16 h. The proteo-SUVs 
were collected by ultracentrifugation. First, they were mixed with the 
same volume of 60% Optiprep, 20% and 0% of Optiprep mixture with 
the bilayer buffer were layered, respectively. After ultracentrifugation with 
250 000 g at 4 °C for 5 h, about 1.5 × 10−3 m of proteo-SUV was collected 
between 20% and 0% layer. The reconstituted proteo-liposomes were 
analyzed by sodium dodecyl sulfate polyacrylamide gel electrophoresis 
gel prior to the experiment to ensure the protein was incorporated. They 
were then introduced with an appropriate concentration (1 × 10−6 m  
for immunofluorescence assay, 20 × 10−6 m for FRAP) into the syringe 
tube that was subsequently connected to the top channel. After a 
squalene droplet was sandwiched between two monolayers, 3 µL of 
the proteo-SUV solution was flowed in the top channel at 0.02 µL 
s−1 flow rate. After the remaining unfused proteo-SUVs were washed 
out, the signal from the fluorescently labeled protein or antibody was 
observed by confocal microscopy (in the case of antibody, it is flowed 
in similarly to the proteo-SUVs afterward, see Immunofluorescence 
assay below).

Fluorescence Recovery After Photobleaching: A laser scanning confocal 
microscope (Leica-SP5) equipped with a 488 nm argon laser was used 
for the fluorescence bleaching and recovery. Typically, each 512 × 512 
pixels image was acquired in 0.67 s and represented a 150 µm × 150 µm  
area. The emitted light was collected by photomultiplier tubes from 
520 to 600 nm wavelength, the laser power was automatically changed 
from 5% of the maximum power for pre- and postbleaching to 100% 
with zoom-in the region of interest for a single bleaching scan. In 
Figure 6b (bottom), because the bleaching area is large (disk with a  
95 µm diameter); ten bleaching scans with 100% laser power were used 
to ensure bleaching of the considered area.

Immunofluorescence Assay on the Free-Standing Membrane: To inject 
each component separately, one pump was used for injection into the 
bottom channel, and three pumps connected to four-way junction were 
used for the top. Fluorescently labeled primary antibody, SMI 81 labeled 
with ATTO 488, and 10 ng mL−1 bovine serum albumin was aspirated 
into the tube for the bottom channel injection, and one of the tubes for 
top channel injection. A secondary antibody labeled with Alexa Fluor 647 
(Thermo Fisher Scientific), was aspirated into one of the tubes for the 
top channel injection. Finally, 3 µL of 1 × 10−6 m t-SUV were aspirated 
into the last tube for top channel injection. After the membrane 
containing t-SNAREs was formed, the primary antibody was injected 
either in the top or bottom channel at 0.01 µL s−1 for 20 min, followed by 
antibody-free buffer at 0.05 µL s−1 for 20 min. After the primary antibody 
was flown in the top-channel, the secondary antibody was injected at 
0.01 µL s−1 for 20 min, followed by antibody-free buffer at 0.05 µL s−1 
until the end of the experiment. During the antibody-free buffer washing 
step, each fluorophore was excited by both 488 and 640 nm, and dual 
color images were recorded.

Asymmetric Bilayer Formation: In total four lipid mixtures were prepared 
for two asymmetric bilayer formation. One set of lipid mixtures was  
made of brain extract (Porcine) and soy extract (Soybean). The other  
set of lipid mixtures contained, DOPC:DOPS:Chol:DOPE:PIP2 
with 5:10:50:30:5 (mol%), and DOPC:DOPS:Chol:DOPE:SM with 
20:5:50:15:10 (mol%), mimicking, respectively, the inner and outer leaflet 
of a plasma membrane. To visualize the asymmetric bilayer formation, 
2% of 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2,1,3-
benzoxadiazole-4-yl) (NBD-PE) and 1% of ATTO 647N-DOPE was used 
instead of the equivalent amount of DOPE. These mixtures were dried 
under argon and vacuum, and rehydrated with bilayer buffer. To make 
SUVs, each rehydrated lipid mixture was sonicated and stored at 4 °C 
before usage. One tube for the top channel was filled with either brain 

extract or inner leaflet mimic SUVs, and the other tube for the bottom 
channel was filled with either soy extract of outer leaflet mimic SUVs. 
Squalene was trapped in the hole as described above. In case of 
visualization of an asymmetric bilayer, two tubes filled with 0.1 × 10−3 m  
sodium dithionite were used for each top and bottom channel. After 
bilayer formation, sodium dithionite in the top channel was injected 
in 0.05 µL s−1 for 20 min, sodium dithionite in the bottom channel  
was injected in 0.05 µL s−1 until the end of the experiment. NBD  
(resp., ATTO 647N) was excited with 488 nm (resp., 640 nm) laser, and 
dual color images were recorded. As previously, the capacitance was 
recorded with a 10 mV sinusoidal wave at 20 kHz frequency.

α-Hemolysin-Mediated Current Flow Measurement: All α-hemolysin 
experiments were performed in hemolysin buffer (10 × 10−3 m Tris-HCl,  
1 m KCl, 1 × 10−3 m ethylenediaminetetraacetic acid (EDTA), pH 8.0). One 
tube was connected to the bottom channel and filled with hemolysin 
buffer. Two tubes, each attached to its own pump, were connected to 
the top channel with a t-shaped junction. The first one was filled up with 
hemolysin buffer and the other contained 3 µL α-hemolysin (Sigma) 
at 40 × 10−9 m. After bilayer formation, α-hemolysin was injected in  
0.01 µL s−1. The ionic current flow was measured by applying 50 mV voltage 
across the bilayer. The voltage-dependent current was measured with  
25 mV step increase of voltage. In our setup, the current increases 
by 55 pA on average for a single hemolysin pore whose diameter was 
estimated by

d l I
GCU

2 π= ∆  (3)

where d is the pore diameter, l is the length of the channel (10 nm), 
I∆  is the step increase in current (≈55 pA), G is the molar conductivity 

(≈10 S M m−1), C is the concentration (1 m), and U is the voltage (50 mV).
In experiments where α-hemolysin was added when squalene was 

not yet fully absorbed by PDMS (blue dots in Figure 7h), the syringe 
connected to the top channel was filled with 3 × 10−6 m α-hemolysin 
in hemolysin buffer. While the capacitance measurement of the 
sandwiched oil, the current was measured every 20 min with the  
same condition described above. Without α-Hemolysin, the difference 
of the measured current before and after bilayer formation was less 
than 4 pA.

PDMS Chip Regeneration: After each experiment, the PDMS chip 
was rinsed with acetone, distilled water, and isopropanol to remove 
remaining lipids, squalene, and buffer. It was then sonicated in a water 
bath to clean up the entire surface inside of the chip. Finally, the chip 
was dried for 2 h at 24 °C, and was ready to use again. The maximum 
number of reusing the PDMS chip was about 30 times. Usually, the total 
number of usages was defined by spontaneous damage of the chip such 
as breakage of the hole for tube insertion, cover glass, and so on, rather 
than the life of PDMS.
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