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Protein Conformational Dynamics
Probed by Single-Molecule

Electron Transfer
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Electron transfer is used as a probe for angstrom-scale structural changes in
single protein molecules. In a flavin reductase, the fluorescence of flavin is
quenched by a nearby tyrosine residue by means of photo-induced electron
transfer. By probing the fluorescence lifetime of the single flavin on a photon-
by-photon basis, we were able to observe the variation of flavin-tyrosine
distance over time. We could then determine the potential of mean force
between the flavin and the tyrosine, and a correlation analysis revealed con-
formational fluctuation at multiple time scales spanning from hundreds of
microseconds to seconds. This phenomenon suggests the existence of multiple
interconverting conformers related to the fluctuating catalytic reactivity.

The conformational dynamics of biomol-
ecules is crucial to their biological functions,
but these motions are usually spontaneous
and unsynchronized and thus difficult to
probe in ensemble-averaged experiments.
Recent advances in room-temperature single-
molecule fluorescence spectroscopy allow for
real-time observations of conformational mo-
tions and chemical reactions on biologically
relevant time scales (1–4). For example, by
observing the enzymatic reaction of a single
cholesterol oxidase molecule in real time, Lu
et al. deduced that the slowly interconverting

conformers exhibit different catalytic reactiv-
ities (5). Recently, van Oijen et al. found
slow fluctuation in catalytic activity of single
DNA exonuclease molecules (6).

These studies recorded the changing reactiv-
ity of an enzyme molecule but did not directly
report the conformational motions of the en-
zyme. Measurements of fluorescence lifetimes
are more informative than measurements of flu-
orescence intensities, because the lifetimes are
sensitively dependent on protein conformations.
Electron transfer (ET) reactions are highly dis-
tance-dependent and have been observed
through the measurements of fluorescence life-
time for small single molecules (7). Here, we
show that the dynamics of excited state ET
reactions within an enzyme molecule can reveal
the presence of different conformations as well
as the time scale of their interconversion. Our ET
approach is sensitive to subtle distance changes
on the angstrom scale and is complementary to
the widely adopted fluorescence resonance ener-
gy transfer (FRET) technique, which has been
used for studies of single-molecule conforma-
tional dynamics on the nanometer scale (4, 8).

To study protein dynamics without pertur-
bation, we used a naturally fluorescent flavin
enzyme. The weak fluorescence from a single
flavin fluorophore in protein (the isoallox-
azine of a flavin cofactor) required us to use
sensitive detection techniques. Another chal-
lenge was the extraction of dynamical infor-
mation hidden in the single-molecule time
traces. Here, we show probing conformation-
al dynamics with submillisecond time reso-
lution and a broad range of time scales (9).

We studied a flavin-enzyme system, a
flavin reductase (Fre) from Escherichia coli
with a bound flavin, which is suggested to be
involved in DNA synthesis by means of the
activation of ribonucleotide reductase (10).
Fre catalyzes the reduction of a flavin by a
reduced form of nicotinamide adenine dinu-
cleotide (NADH) through a hydride transfer
reaction. The crystal structure of the 26-kD
Fre has been solved both with and without
riboflavin (11) (Fig. 1A).

Flavin mononucleotide (FMN) and flavin
adenine dinucleotide (FAD) are two typical
flavin cofactors of Fre. The fluorescent
isoalloxazine of flavins (Fig. 1A, yellow)
serves as an ideal probe for conformational
dynamics (12). Free isoalloxazine such as
that of FMN (Fig. 1B, molecular structure) in
a pH 7 buffer exhibits a monoexponential
fluorescence decay with a 4.6-ns lifetime
when excited at 440 nm in an ensemble-
averaged experiment (Fig. 1B, green curve).
In contrast, the decay of Fre-bound flavins is
much faster and is multiexponential. For ex-
ample, the fluorescence lifetime decay of the
wild-type Fre/FMN complex (Fig. 1B, blue
curve) can be best fitted with four exponen-
tial decays: 0.008 ns [19 weight (wt) %],
0.050 ns (39 wt %), 0.25 ns (39 wt %), and
4.5 ns (3.6 wt %) (13). However, the ensem-
ble-averaged measurements in Fig. 1 cannot
determine whether the multiexponential ki-
netics arise from static heterogeneity (in
which the molecules are statically different)
or dynamic fluctuations (in which a single
molecule changes with time).
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The fast fluorescence decay of isoallox-
azine inside protein has been attributed to
the quenching of the excited state by ET
from nearby residues such as Trp or Tyr
(Y) (12, 14, 15). According to the crystal
structure, there are three tyrosines—Tyr35,
Tyr72, and Tyr116—near the isoalloxazine,
with edge-to-edge distances to the isoallox-
azine of 4.5, 9.6, and 7.0 Å, respectively.
To identify the residues responsible for the
quenching of flavin fluorescence, we re-
placed the three tyrosines individually with
a serine (S) and generated three mutants—
Y35S, Y72S, and Y116S— by site-directed
mutagenesis. The fluorescence decays of
the two mutant complexes Y72S/FMN
(pink curve) and Y116S/FMN (orange
curve) are similar to that of the wild-type
Fre/FMN (Fig. 1B). A drastic increase of
fluorescence lifetime, however, was ob-
served for the Y35S/FMN complex (red
curve). Therefore, we attribute the quench-
ing of isoalloxazine fluorescence in wild-
type Fre/FMN to ET from primarily the

closest Tyr35 (Fig. 1A, red) to the isoallox-
azine. The reverse ET is expected to com-
plete rapidly, returning isoalloxazine and
Tyr35 to their original states for repetitive
excitation (15).

The other flavin substrate, FAD (Fig. 1C,
molecular structure), binds Fre tightly in the
absence of NADH with a dissociation constant
Kd of �29 nM, compared with the loose binding
of Fre/FMN, which has a Kd of �1.5 �M (16).
We chose to do single-molecule measurements
on the wild-type Fre/FAD complex for its sta-
bility. By means of the molecular dynamics
(MD) simulations that were based on the Fre/
riboflavin structure, we obtained a representa-
tive configuration of the Fre/FAD complex (Fig.
1A) (16). The MD configurations indicate that
the isoalloxazine of FAD is enclosed in the
flavin-binding pocket with several hydrogen
bonds, whereas the adenine (Fig. 1A, gray) of
FAD extends to the exterior of the protein. On
average, the adenine tail forms two additional
hydrogen bonds with Fre, which explains the
higher affinity of FAD to Fre over FMN (16).

The isoalloxazine fluorescence of unbound
FAD is partially quenched by its flexible adenine
tail in aqueous solution (evident from the faster
decay of the green curve in Fig. 1C than that in
Fig. 1B). Based on the extended structure of
FAD in the protein, quenching by adenine is
negligible in the protein. Indeed, the multiexpo-
nential fluorescence decays of the wild-type or
mutant Fre/FAD (Fig. 1C) are similar to those of
Fre/FMN complexes. The fluorescence decay of
the wild-type Fre/FAD (Fig. 1C, blue curve) can
be best fitted with four exponential decays:
0.028 ns (25 wt %), 0.20 ns (52.1 wt %), 0.46 ns
(21.5 wt %), and 3.3 ns (1.2 wt %).

The fitting of the ensemble data by no
means reflects the true distribution of fluores-
cence lifetime. Assuming the population decay
is from a single electronic excited state in our
system, the (fluctuating) fluorescence lifetime
��1(t) can be expressed as: ��1(t) � [�0 �
kET(t)]�1 � kET

�1(t), where �0 is the fluores-
cence decay rate in the absence of the quench-
er(s), and kET is the ET rate. We seek to char-
acterize the distribution and fluctuation of kET,

Fig. 1. (A) A representative structure of the Fre/FAD complex from an
MD simulation (16). The FAD substrate exhibits an extended conforma-
tion, with the fluorescent isoalloxazine ( yellow) in its binding pocket and
the adenine (gray) reaching the protein exterior. Also shown is Tyr35

(red), which dominates the quenching of flavin fluorescence in Fre. (B)
Ensemble-averaged fluorescence decays of free FMN (inset), wild-type
Fre/FMN, and mutant Fre/FMN complexes in a pH 7 buffer. The bumps
in the first nanosecond are due to convolution with the instrumental
response function. The results suggest that the fluorescence of the
wild-type Fre/flavin complex is predominantly quenched by Tyr35. (C)
Ensemble-averaged fluorescence decays of free FAD (inset), wild-type
Fre/FAD, and mutant Fre/FAD complexes in a pH 7 buffer.
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the information hidden in ensemble results but
extractable from a single-molecule experiment.

The Fre/FAD complex is tethered to the
quartz surface by a biotin-streptavidin link-
age (13). Special care was taken to avoid
perturbations of the protein by the quartz
surface (17). Commercially available detec-
tors do not provide the combination of high–
photon timing resolution, low–dark counting
rate, and high–quantum detection efficiency.
A single-photon timing module (SPTM) has
been designed and built based on the single-
photon avalanche diode (SPAD) devices de-
veloped by Cova et al. (18, 19).

Early single-molecule lifetime measurements
used the standard time-correlated photon count-
ing method (7, 20, 21) to record histograms of
the delay times of fluorescence photons with
respect to the excitation pulses. Figure 2 is such
a histogram for a single wild-type Fre/FAD com-
plex immobilized on the quartz surface. The

multiexponential single-molecule decay, similar
to the ensemble-averaged decay (Fig. 1C), indi-
cates fluctuations of fluorescence lifetime at a
time scale longer than ��1. Similar multiexpo-
nential decays of single biomolecules have also
been reported (22, 23), in contrast to the mono-
exponential decays of isolated single-dye mole-
cules (7, 20, 21). However, the time-scrambled
histograms provide no information about the
dynamics of lifetime fluctuation, which can be
obtained from single-molecule time traces.

Instead of acquiring only the histogram, for
each detected fluorescence photon with index p,
we recorded both the delay time with respect to
its excitation pulse, �p, and the chronological
arrival time, tp (9, 24) (Fig. 3A). Figure 3B
shows part of the time trace of �p for the same
complex in Fig. 2. If the ��1 does not fluctuate,
�p is stochastic and has a single exponential
distribution with the mean of ��1. The fluctu-
ating ��1 results in the multiexponential decay

of the �p histogram in Fig. 2 for all the photons
in the entire time trace.

To evaluate how ��1changes with time,
the conventional method is to bin many
photons for an average ��1. For example,
Fig. 3C shows part of the time trace of ��1

by binning every 100 photons, in which
large fluctuation of ��1 is indeed evident.
With the mean fluorescence count rate of
500 counts/s in our experiment, the time
window corresponds to a mean of 200 ms.
We used the maximum likelihood estima-
tion (MLE) to determine ��1 (13, 25). It
has been shown that 100 detected photons
are sufficient to determine the single expo-
nential decay constant by MLE. However,
the binning limits the time resolution of
dynamical changes; therefore, fluctuations
within the time bin are averaged out.

The dynamics of fluctuation can be char-
acterized by the correlation functions of ��1

fluctuation, in particular, the autocorrelation
function, C(t) � 	
��1(t)
��1(0)�, where

��1(t) � ��1(t) – 	��1� and the brackets
denote averaging over time. If there is no
fluctuation of ��1, then C(t) � 0. When there
are two interconverting states with different
lifetimes, C(t) is a single exponential decay
with a decay constant equal to the sum of the
forward and backward conversion rate con-
stants (9). Multiple conformational states nor-
mally result in multiexponential decay C(t),
characterizing the time scales of ��1 fluctua-
tions, with C(0) being the variance of ��1. C(t)
can be calculated from the time trace of ��1 in
Fig. 3C, although with a poor time resolution.

Accurate knowledge of ��1(t) from long
time binning is not required to determine
C(t), which itself is a statistically averaged
property. The time resolution of C(t) can be
significantly improved if C(t) is calculated on
a photon-by-photon basis (9, 13). We ob-
tained a time resolution of C(t) comparable to
the reciprocal of the average count rate. The
time resolution in principle can approach that
of the ever-increasing length of MD simula-
tion trajectories (26), which portends direct
comparison between single-molecule experi-
ments with MD simulations in the future.
Consequently, our approach permits mea-
surements of C(t) on a broad range of time
scales for the given time-trace lengths, limit-
ed by photobleaching. In our analysis, back-
ground photons will not contribute to C(t �
0), because they are not correlated with flu-
orescence photons from the single molecule.

Figure 4 shows the C(t) of a wild-type
Fre/FAD complex, with fluctuation occurring at
a broad range of time scales, from hundreds of
microseconds to tens of seconds. This informa-
tion was not available from previous ensemble-
averaged experiments. The green dashed line in
Fig. 4 is a fit with a stretched exponential,
exp[–(t/�0)b], where b � 0.30 and �0 � 54 ms.
The stretched exponential is simply a phenom-
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Fig. 2. Multiexponential fluores-
cence decay of a single wild-type
Fre/FAD complex [best fitted
with lifetime decay constants of
62 ps (77.3 wt %), 264 ps (14.3
wt %), and 2.26 ns (8.6 wt %)].
Also shown is the instrumental
response function (with 60-ps
full width at half maximum) and
a poor fit with a monoexponen-
tial decay. a.u., arbitrary units.

Fig. 3. (A) Schematic
of a train of laser ex-
citation pulses (bell
shaped) and detected
fluorescence photons
(bars). For each de-
tected photon, the de-
lay time with respect
to the excitation pulse
�p and the chronolog-
ical arrival t p are re-
corded. (B) Part of the
time trace of the fluo-
rescence photon delay
time of the same wild-
type Fre/FAD complex
as in Fig. 2. (C) Part of
the time trace of the
fluorescence lifetime
of the same wild-type
Fre/FAD complex as in
(B) obtained by the
MLE fitting of every
100 detected photons.
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enological fit that conveniently describes dy-
namics spanning decades of time scales with
only two adjustable parameters rather than mul-
tiple exponentials. Fluorophores that exhibited
single exponential fluorescence decay showed
zero C(t � 0) (fig. S5). For every wild-type
Fre/FAD complex that emits a sufficient num-
ber of photons (�100,000) to give visible cor-
relation before photobleaching, we observed
similar stretched exponential C(t) with b vary-
ing from 0.17 to 0.31. We did not observe
noticeable power dependence of C(t) in the
excitation power range from 0.5 to 3 �W at the
sample (13). Had the fluctuations been photo-
induced, C(t) would have decayed faster at
higher excitation powers, suggesting that the
lifetime fluctuations are in fact spontaneous.

We next discuss the origin of kET(t) fluc-
tuations. On the basis of Fermi’s golden rule,
the nonadiabatic ET rate is kET � (4
2/
h)V 2F, where h is Planck’s constant, V is the
electronic coupling between the two diabatic
states (DA and D�A–), and F is the Franck-
Condon weighted density of states (27, 28).
We then considered whether the kET variation
arises from the fluctuation of V or F.

At room temperatures, F takes a simple Ar-
rhenius form (27, 28), kET � (4
2/
h)V 2(4
kBT�)�1/2exp[–(�G � �)2/4�kBT],
where kB is the Boltzmann constant, T is tem-
perature in kelvin, �G is the free energy differ-
ence between DA and D�A–, and � is the reor-
ganization energy. Thermal fluctuation of �G
could lead to fluctuation of kET as in photosyn-
thetic reaction centers (29, 30). For the electron-
ically excited FAD/tyrosine system, the kET is
close to the maximum rate at which –�G � � �
28 � 40kBT (0.7 to 1.0 eV) (14). Under this
activationless condition, kET is relatively insen-
sitive to thermal fluctuations in �G. If �G vari-
ation (denoted as ��G) is the sole source of kET

fluctuation, the large amplitude of the observed
kET fluctuation (a difference of more than one
order of magnitude, with time constants ranging
from 30 ps to 3 ns) would result from an un-
physically high ��G � 16 � 20kBT.

However, the electronic coupling V exhib-
its an exponential dependence on the edge-
to-edge distance R between D and A such that
kET(t) � k 0

ETexp[–�R(t)], where � has been
experimentally determined to be 1.0 to 1.4
Å�1 for proteins (31, 32). Distribution of ET
rate originating from a (frozen) distribution
of donor-acceptor distances was previously
observed for photosynthetic reaction centers
(33). V is also dependent on the relative
orientations of D and A (34). Typically, how-
ever, the torsional angles of Tyr residues in
the protein interior are confined to a narrow
range (35). Because of the exponential dis-
tance dependence, R fluctuation has a much
stronger effect on the ET rate than the effects
of the driving force and orientation. We thus
attribute the large lifetime fluctuations (30 ps
to �3 ns) primarily to R fluctuation.

We next determined the distribution of the
isoalloxazine-Tyr35 distance, R. First, we ob-
tained a distribution of ��1 from the 100-pho-
ton binned time trace of ��1 (Fig. 3C). The
distribution is coarse-grained because the fast
fluctuation within the time bin is averaged out.
The corresponding coarse-grained lifetime
probability density P(��1) can be calculated
(Fig. 5A). P(��1) is converted to the probabil-
ity density P(R) assuming � � 1.4 Å�1 (Fig.
5B). Finally, the potential of mean force for the
isoalloxazine-Tyr35 pair is obtained by taking
the logarithm of P(R): V(R) � –kBT ln[P(R)].
V(R) can be approximated by a harmonic po-
tential within the thermally attainable region
(Fig. 5C) (13). The best fit of P(��1) (13) with
V0(R) � kBT(R – R0)2/2� (Fig. 5C, dashed line)
gives the variance of R, � � 0.19 Å2. � com-
pares favorably with the crystal-structure data,
which gives average atomic-mean-square dis-

placements of 0.10 and 0.25 Å2 for the isoallox-
azine and Tyr35, respectively. This agreement
further corroborates our assignment of kET fluc-
tuation to primarily R fluctuation.

The potential of mean force V(R) is a time-
averaged function that does not contain dynam-
ical information. To gain an understanding of the
observed dynamics, we first modeled R fluctua-
tion as a fictitious particle undergoing Brownian
diffusion on the potential V0(R) and ob-
tained the autocorrelation function CB(t) �
(k 0

ET)�2exp(2�R0 � �2�)[–1 � exp(�2�e–�t)]
where � is a drift coefficient (9). However, CB(t)
(Fig. 4, pink dashed line) does not fit the mea-
sured C(t) (Fig. 4). The Brownian diffusion
model is inadequate because it implies one char-
acteristic trapping time (associated with �) at a
particular R, which does not hold for complex
systems like proteins (36, 37). The trapping
time, �, at a particular R, might assume a power-

Fig. 4. Autocorrelation function
of fluorescence lifetime fluctua-
tion of the same wild-type Fre/
FAD complex as in Figs. 2 and 3,
plotted in linear logarithmic
scale in time. Also shown are
good fits with a stretched expo-
nential and the anomalous diffu-
sion model and a poor fit with
the Brownian diffusion model.
The C(t) unravels protein confor-
mational fluctuation spanning a
broad range of time scales.

Fig. 5. (A) Distribution
of fluorescence life-
times obtained from
the time trace in Fig.
2D. (B) Distribution of
the FAD-Tyr35 edge-
to-edge distance de-
rived from (A). (C) Po-
tential of mean force
calculated from (B).
The dashed lines in
(A), (B), and (C) are
distributions accord-
ing to the fit to a har-
monic potential of
mean force around R0
and with variance � �
0.19 Å2. (Inset) A
sketch of a rugged
“transient” potential
resulting from the
short-time projection
of 3D motions of the
protein to the experi-
mentally accessible R
coordinate.
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law distribution, 1/�� � 1 (0 � � � 1), which has
no finite mean (38). This situation is referred to
as the subdiffusion regime of anomalous diffu-
sion. Subdiffusion in a potential can be de-
scribed by the fractional Fokker-Planck equa-
tion recently developed by Klafter and co-work-
ers (38). Using V0(R) as the potential, we
obtained the correlation function (9)

CA(t)�(k 0
ET)�2 exp(2�R0��2�)

(exp{�2� exp[–��t �/�(1��)]}–1)

where �� is the generalized drift coefficient
and �(z) � �0

�y z–1e–ydy. CA(t) (Fig. 4, red
solid line) fits well with the measured C(t),
with � � 0.31 and �� � 2.19 s–�.

The physical picture behind CA(t) can be
understood as follows: The multidimensional en-
ergy landscape of the entire protein has many
local minima, each corresponding to a confor-
mational state. The conformational states have
vastly different trapping times because the free
energy barrier heights for the interconversion
among them are broadly distributed. Projection
of the time-varying 3D structure of the protein
to the experimentally accessible R coordinate
results in a broad (power-law) distribution of
trapping time at a particular R. Such a projec-
tion of 3D motion to the R dimension within a
short period of time gives rise to a rugged
“transient” potential (Fig. 5C, inset). With its
long time average being the smoothed V(R), the
rugged potential with fluctuating free energy
barriers results in the subdiffusion and the
stretched exponential C(t).

The picture of rugged energy landscape has
been advocated by Frauenfelder based on pho-
todissociation experiments with liganded
hemeproteins (39). Reminiscent of glassy sys-
tems (40), ligand recombination kinetics at low
temperatures exhibited dispersed kinetics be-
cause of a frozen distribution of conformations,
the interconversion among which occurs at ele-
vated temperatures. Even at room temperature,
stretched exponential relaxation of protein con-
formations has been observed (41). The ensem-
ble-averaged experiments, however, could hard-
ly distinguish dynamical fluctuation and static
heterogeneity, nor could they extract the inter-
conversion dynamics. It is important to stress
that our single-molecule experiments directly
measure the equilibrium fluctuation rather than
nonequilibrium relaxation as in the previous
experiments, and they provide a quantitative
measure of the protein conformational memory
at room temperature. A dynamic entity, an en-
zyme exhibits different catalytic activity (5, 6)
because of its fluctuating conformations.
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Periodic Mesoporous
Organosilicas Containing

Interconnected [Si(CH2)]3 Rings
Kai Landskron,1 Benjamin D. Hatton,1,2 Doug D. Perovic,2

Geoffrey A. Ozin*1

A periodic mesoporous organosilica composed of interconnected three-ring
[Si(CH2)]3 units built of three SiO2(CH2)2 tetrahedral subunits is reported. It
represents the archetype of a previously unknown class of nanocomposite mate-
rials in which two bridging organic groups are bound to each silicon atom. It can
be obtained with powder and oriented film morphologies. The nanocomposite is
self-assembled from the cyclic three-ring silsesquioxane [(EtO)2Si(CH2)]3 precursor
and a surfactant mesophase to give a well-ordered mesoporous framework. Low
dielectric constants and good mechanical stability of the films were measured,
making this material interesting for microelectronic applications. Methylene group
reactivity of the three-ring precursor provides entry to a family of nanocomposites,
exemplified by the synthesis and self-assembly of [(EtO)2Si(CHR)][(EtO)2Si(CH2)]2
(where R indicates iodine, bromine, or an ethyl group).

Materials with well-defined pores belong to
the most interesting classes of compounds,
because they can be developed into organic-
inorganic nanocomposites with unique cata-
lytic, sensor, optical, magnetic, or electrical
properties, whereby the organic functional-

ization of an inorganic porous host can play
an important role (1). An exciting approach to
organic-inorganic nanocomposites takes les-
sons from the synthesis of periodic meso-
porous silica MCM41, where an organic me-
sophase is replicated in silica with the use of
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